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During ontogeny, organisms pass through critical periods of heightened vulnerability to 
disruptive exogenous agents. In organisms with complex life cycles, these developmental 
windows result in variable susceptibility across life stages. Consequently, developmental 
anomalies that occur during early life may carry-over to affect later stages and ultimately 
individual fitness. This study investigated stage specific and carry-over effects on anuran growth 
and development following low dose exposure to the insecticide endosulfan. For this purpose, 
Hyla cinerea and Ranitomeya imitator embryos and larvae were continuously exposed, either 
individually or in combination, to a gradient of environmentally relevant concentrations of 
endosulfan (0, 0.1, 1, 10, 100, and 1,000 ng/L) until completion of metamorphosis. Though 
effects on mortality, deformity, and timing to and condition at multiple developmental points 
were not significant, observed abnormalities implicated endosulfan exposure. Embryonic R. 
imitator exposed to endosulfan experienced greater mortality and deformity than did those 
exposed as larvae, though H. cinerea life stages did not exhibit large differences with either 
endpoint. These findings indicate that traditional indicators of developmental toxicity may not 
provide an adequate characterization of pesticide hazards across species and life stages.
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CHAPTER 1: GENERAL INTRODUCTION 
 
Amphibians possess numerous characteristics that make them effective biological 
indicators of environmental health. By filling diverse trophic niches and representing substantial 
portions of the community biomass and prey base, amphibians play crucial roles in food web 
dynamics (McCoy et al. 2009). Amphibians have complex life histories that often rely on both 
aquatic and terrestrial habitats, thereby increasing their exposure and vulnerability to physical 
and chemical stressors (Dunson et al. 1992). Amphibians develop in eggs that lack protective 
shells, and as larvae and adults they have permeable, highly vascularized skin used for both gas 
exchange and osmoregulation (Hopkins 2007). Moreover, the eggs, larvae, and adults of many 
amphibian species have distinct interactions with their environments, and so experience different 
stressors at individual life stages. Amphibians also have small home ranges and high habitat 
fidelity (Smith and Green 2005), so an individual may also be influenced by the same 
environmental stressor throughout its lifetime. These life history characteristics make 
amphibians valuable models for examining the effects of environmental stressors on specific 
developmental periods and on development as a whole. 
 Because of their perceived value as indicators of environmental health, recent global 
declines in amphibian populations have caused widespread public concern. Nearly one-third of 
all amphibian species are threatened with extinction, and more than 43% are experiencing 
population declines (Stuart et al. 2004). In the last three decades, 122 (~2%) amphibian species 
are believed to have gone extinct, representing an extinction rate over 200 times the background 
rate (Stuart et al. 2004; McCallum 2007).
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While some losses can be traced to well-known processes such as habitat destruction, 
overexploitation, and invasive species, the causes of population declines in areas without obvious 
disturbance are not well understood (Collins and Storfer 2003). Factors implicated in these 
enigmatic declines, which are most commonly seen in the species rich Neotropics, include 
emergence of infectious diseases, global climate change, and environmental contamination 
(Collins and Storfer 2003). Numerous studies have hypothesized associations between 
amphibian declines and global warming induced changes in precipitation patterns that cause 
reduced water depth of oviposition sites, increased exposure to ultraviolet radiation, and a 
consequential increase in susceptibility to infectious disease (Pounds and Crump 1994; 
Kiesecker et al. 2001; Daszak et al. 2003). However, early life mortality may not always have 
the assumed deleterious, population level consequences (Vonesh and De la Cruz 2002).  
Little is known about mechanisms through which exposures to environmental pollutants 
drive amphibian population declines. Agricultural pesticides are considered an important source 
of pollution linked to this phenomenon (Davidson 2004; Hayes et al. 2006). Many agricultural 
chemicals have been shown to induce deformity, affect sexual differentiation, impair growth, 
alter the timing of metamorphosis, and cause suppression of the immune system (reviewed by 
Mann et al. 2009). Due to their persistence in soils and water and their bioaccumulation in the 
tissues of organisms, pesticides can remain in agricultural sites long after application, therefore 
increasing the opportunity for exposure (Boethling et al. 2009). Importantly, some pesticides can 
enter the atmosphere through spray drift or volatilization, where they can be transported for long 
distances before contaminating new sites via precipitation or dry deposition (Simonich and Hites 
1995). The prevalent use, atmospheric mobility, and persistence of certain pesticides have made 
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their residues pervasive within the environment (Peterle 1969; Freed et al. 1972; Tanabe et al. 
1982; Weber et al. 2010). 
Although low, environmental levels of contaminants were once believed to be harmless, 
exposures during development are increasingly recognized for their negative effects that carry 
over into later life stages (e.g. Carey and Bryant 1995; Hayes et al. 2002; Park and Kidd 2005). 
In order to evaluate the capacity of pollutants to drive amphibian population declines, we must 
first understand how ecologically relevant concentrations of common contaminants influence 
growth and development throughout early life.  
 
Endocrine System Function and Disruption 
While ubiquitous, environmental pesticide concentrations are often too low to induce 
direct mortality to amphibians (Hall and Henry 1992; Hayes et al. 2006). However, many 
pesticides can impact non-target organisms at low concentrations through sub-lethal disruption 
of normal endocrine system function (Fenner-Crisp 1997; Lutz and Kloas 1999). The endocrine 
system is a series of ductless glands that mediate an organism’s homeostasis, reproduction, 
development and behavior by secreting chemical messengers called hormones (Zoeller et al. 
2012). Hormones travel through the blood and associate with plasma membrane or intracellular 
proteins called hormone receptors, initiating gene transcription, protein synthesis, and 
physiological change (Zoeller et al. 2012). Pesticides may act as endocrine disrupting chemicals 
(EDCs) by interfering with the synthesis, secretion, transport, binding, action, or elimination of 
endogenous hormones to promote or antagonize biological responses (Kavlock et al. 1996). 
Thus, investigations into the developmental effects of pesticide exposure must be conducted in 
the context of the basic principles of endocrinology.  
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Because of their high receptor affinities, endogenous hormones can exert effects at very 
low concentrations, frequently within the picomolar range (Vandenberg et al. 2012). Although 
EDCs often have receptor affinities that are much lower than those of endogenous hormones, 
they can still generate low dose effects (Vandenberg et al. 2012). This is possible because 
changes in hormone concentration produce proportionally larger effects at low doses than at high 
doses, a trend that follows a sigmoidal dose-response curve resulting from the saturability of 
finite hormone receptor binding sites (Zoeller et al. 2012). The relationship between hormone 
levels and cellular response can alternatively be non-monotonic, with the slope of the curve 
changing sign across the dose-response (Vandenberg et al. 2012). This relationship can be 
produced by homeostatic negative feedback mechanisms that reduce endogenous hormone 
production, increase their metabolism, or promote receptor down regulation with excessive 
hormone levels (Bergman et al. 2012). Through this process, the effects of low hormone 
concentrations may be greater than those induced by large doses. Because receptors also mediate 
the effects of exogenous disruptors, EDCs share the characteristic of non-linear dose-responses 
(Bergman et al. 2012). Therefore responses to high doses of EDCs are not indicative of 
responses to low doses, which can induce large physiological effects (Vandenberg et al. 2012). 
 The specificity of endocrine response to endogenous hormones is further affected by 
receptor availability. The extent of a hormone’s influence is limited by the expression of its 
receptors, which may be localized in single cell types or may be found throughout the body 
(Vandenberg et al. 2012). Furthermore, some hormones can bind multiple receptor isoforms that 
vary in quantity and elicited effect across tissue types (Vandenberg et al. 2012). Differences in 
receptor expression between tissues, different life stages, and among organisms can also drive 
variable effects of EDC exposure at each of these levels. In amphibians, pesticides demonstrate 
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tissue-specific effects by impairing the actions of retinoids, sex steroids, and thyroid hormones 
involved in early developmental processes and later adult physiology.  
 
Disruption of retinoic acid homeostasis 
 The 1995 discovery of deformed frogs in Minnesota agricultural sites brought the 
teratogenic effects of environmental pollutants to the forefront of discussion on threats to 
amphibian biodiversity. Although there is debate about the relative influences of agricultural 
chemicals, UV-radiation, and infestation by larval trematodes in the induction of deformity in 
wild amphibians (Gardiner et al. 2003; Ballengee and Sessions 2009), the severity, abundance, 
and spread of such abnormalities has increased dramatically and now occurs in more than 60 
amphibian species across North America, Europe, and Japan (Blaustein and Johnson 2003). 
While deformities may be seen in up to 5% of a population due to injury or mutation, field 
studies that find correlations between agricultural intensity and malformations document severe 
cases at frequencies as high as 15-90% (Ouellet et al. 1997; Stocum 2000). Aberrant phenotypes 
observed in wild populations are diverse, including absent or supernumerary limbs and digits, 
incomplete limb development, and misshapen jaws, tail, and eyes (Blaustein and Johnson 2003). 
 The hypothesis that agricultural chemicals are directly responsible for these abnormalities 
is supported by the induction of limb deformities following the application of retinoic acid (RA) 
(Loeffler et al. 2001). Retinoids are oxidized vitamin A derivatives that bind a heterodimer 
complex composed of the nuclear RA and retinoid X receptors (Inoue et al. 2010). This binding 
promotes the transcription of target Hox genes through the RA response element (Inoue et al. 
2010). By controlling the expression of these genes and heterodimerizing with other nonsteroidal 
nuclear receptors, such as those for thyroid hormone, this system exerts pleiotropic effects on 
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embryonic morphogenesis (Inoue et al. 2010). Pesticides that alter this ligand-receptor 
interaction can cause deficient or excess signaling, affecting the patterning of the axial skeleton, 
differentiation and proliferation of cells and tissues, and development of the limbs (reviewed in 
Novák et al. 2008).  
 
Disruption of the gonad axis  
 Unlike the conspicuous anatomical malformations induced by teratogens, endocrine 
disruptors alter the expression of genes during early developmental stages to produce less visible 
functional change. These new phenotypes, however, may be equivalently detrimental.  
In larval amphibians, reproductive development is regulated by the hypothalamus-
pituitary-gonad (HPG) axis. Hypothalamus induced gonadotropin release from the pituitary 
stimulates the secretion of estrogen, androgen, and progestogen sex steroid hormones from the 
gonads (Kloas et al. 2009). These hormones control reproductive organ differentiation and 
growth, promote or inhibit germ cell maturation, and stimulate the development of secondary sex 
characteristics (Kloas et al. 2009).  
The genetically predetermined differentiation of the bipotential gonad into ovaries or 
testes can be altered by imbalances in sex steroids (Haczkiewicz and Ogielska 2013). For this 
reason, much of the research on endocrine disruption has focused on environmental pollutants 
with estrogenic and anti-androgenic activities, as well as those that affect the actions of 
aromatase, the enzyme responsible for the biosynthesis of estrogens from androgens (Propper 
2005). As the balance of endogenous sex steroids is critical for the development of the 
reproductive system, certain EDCs can impact early reproductive events and later reproductive 
function (Wallace et al. 1999; Akingbemi and Hardy 2001).  
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 Many environmental contaminants are known to disrupt sexual differentiation and 
steroidogenesis in amphibians (Palmer et al. 1998; Crews et al. 2000; Noriega and Hayes 2000; 
Hayes et al. 2002). For instance, acute exposure of male Xenopus laevis tadpoles to the herbicide 
atrazine reduced the number of spermatogonial cell nests, which serve as the main source of 
germ cells throughout adult life (Tavera-Mendoza et al. 2002). Increasing agricultural land use, 
and by extension pesticide exposure, is also associated with gonadal abnormalities and altered 
sex hormone levels in wild amphibians (McCoy et al. 2008). These reproductive effects of EDC 
exposure can contribute to amphibian population declines through the processes of sex ratio bias, 
reduced recruitment, and infertility.  
 
Disruption of the thyroid axis  
Pesticides are also known to disrupt the actions of thyroid hormones (TH) necessary for 
larval somatic growth, brain development, and the initiation of metamorphosis (Hayes 1997; 
Mann et al. 2009). The morphogenesis and apoptotic tissue remodeling that characterizes 
metamorphosis is regulated by the release of thyroxine (T4) from follicular cells of the thyroid 
gland and its subsequent conversion by 5’-deiodinase to the more active 3,5,3’-triiodothyronine 
(T3) in target tissues (Brown and Cai 2007). Thyroid hormones are found in low concentrations 
prior to metamorphosis and peak at metamorphic climax, when the forelimbs emerge and the tail 
is resorbed (Galton 1992). The role of TH in metamorphosis has been experimentally 
demonstrated through the induction of premature metamorphosis following larval exposure to 
exogenous TH (Helbing et al. 1992) and the arrest of metamorphosis through the inhibition of 
TH release (Rose 2005; Gutleb et al. 2007).  
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In larval amphibians, the hypothalamus controlled secretion of thyrotropin, responsible 
for TH release, is promoted by corticotropin releasing hormone (Denver 1999). This hormone 
also mediates glucocorticoid and adrenocorticotropic hormone secretion in response to non-
specific stressors (Denver 1999). Therefore, environmental conditions such as increased 
predation risk, decreased water quality, and limited resource availability may induce precocious 
metamorphosis through stimulation of TH secretion (Mann et al. 2009). Indeed, amphibian 
larvae in ephemeral pools will accelerate metamorphosis as an adaptive response to drying 
conditions (Denver et al. 1997).   
Similarly, pesticides can disrupt metamorphosis either through direct effects on the 
hypothalamus-pituitary-thyroid (HPT) axis or through crosstalk with other hormones. Endocrine 
disruptors can accelerate metamorphosis by mimicking TH or acting as general environmental 
stressors that increase endogenous corticosterone synthesis and T3 production (Greulich and 
Pflugmacher 2003; Boone et al. 2013). Alternatively, they can delay metamorphosis through 
follicular cell cytotoxicity, antagonism of thyroid hormone receptors, or disruption of 5’-
deiodinase through xenoestrogen activities (Lisboa et al. 2001; Sullivan and Spence 2003).  
Any alteration in the timing of metamorphosis can have long-term consequences on 
fitness and population growth (Bridges 2000). Individuals that undergo precocious 
metamorphosis will emerge as undersized juveniles, with greater vulnerability to predation, 
smaller gonad size, and decreased fecundity as adults due to lowered egg production and delayed 
time to reproductive maturity (Semlitsch 1988; Denver 1997; Rose 2005; Chelgren et al. 2006; 
McCoy et al. 2007). Additionally, accelerated metamorphosis is associated with a large 
reduction in lymphocyte numbers and an increased susceptibility to infectious disease (Rollins-
Smith et al. 2009). Larvae with prolonged metamorphosis will face greater exposure to aquatic 
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predators and may fail to fully develop before the loss of their ephemeral pools (Sullivan and 
Spence 2003). 
 
Differential susceptibilities 
 Endocrine disrupting pesticides can produce different types and magnitudes of effects 
depending upon the life stage at which the individual is exposed. These time dependent effects 
result from hormone receptor distribution patterns and intensities that vary across life stages and 
reflect distinct periods of morphogenesis (Bergman et al. 2012). For example, peaks in estrogen 
and androgen receptor levels during the late larval stage coincide with gonad differentiation and 
a period of demonstrated susceptibility to reproductive dysfunction following pesticide exposure 
(Bogi et al. 2002). As sex steroid receptor levels are undetectable in the embryo (Bogi et al. 
2002), estrogenic and anti-androgenic EDC exposure at this stage may have few effects on 
reproductive development. Importantly, however, the inability to detect these receptors does not 
provide definitive evidence of their absence. Alternatively, somatic growth and development 
may be affected by exposure to EDCs that agonize or antagonize TH at either embryonic or 
larval stages. Thyroid hormone receptors are active soon after fertilization, despite a lack of TH 
secretion until complete development of the thyroid gland in the late larval stage (Tata 2000). 
Examining the differential effects of contamination during early developmental periods is 
critical, because whereas exposure during adulthood will produce reversible, activational effects, 
exposure during embryonic and larval stages can cause permanent, organizational changes 
(Hayes 2005). The physiological and metabolic alterations resulting from these developmental 
exposures may contribute to the etiology of adult disease (De Boo and Harding 2006).  
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Studies using pesticide exposure to examine the differential sensitivities of early 
amphibian life stages often find more adverse effects on larvae than embryos (Berrill et al. 1998, 
Bridges 2000, Greulich and Pflugmacher 2003, Brodeur et al. 2009, Yu et al. 2013). Bridges 
(2000) found that the insecticide carbaryl caused significant mortality in Rana sphenocephala 
tadpoles, yet had no effect on hatching success at any tested concentration. Additionally, 
individuals that were exposed to carbaryl at the egg stage were smaller at metamorphosis 
(Bridges 2000). This carry-over effect, in which conditions at one life stage influence fitness-
related traits at the next (Stoks and Cordoba-Aguilar 2012), may reflect the ability of pesticides 
to bioconcentrate in amphibian eggs (Brodeur et al. 2009). Vulnerabilities can also be species 
specific, as demonstrated by LC50 values ranging from 0.41 to 127 mg/L of atrazine following 
exposure of embryos from multiple species (Birge et al. 2000). These differences in sensitivity 
may result from variable hormone receptor availabilities or variation in xenobiotic metabolizing 
systems (Pickford and Morris 2003). 
Despite potential phylogenetic and life stage specific differences in susceptibility to 
EDCs, most research on the effects of pesticides use commonly studied species to test the 
lethality of brief, high-dose exposures at single life stages. Because of the mobility, persistence, 
and low environmental concentrations of many pesticides, these exposure scenarios are not likely 
ecologically relevant. To obtain an accurate measure of chemical toxicity, it is important that 
studies use diverse amphibian species and low-dose exposures sustained within life stages to 
examine sub-lethal effects throughout development.  
 
 
 
 
CHAPTER 2: SPECIES AND STAGE SPECIFIC DEVELOPMENTAL TOXICITY OF 
ENDOSULFAN EXPOSURE IN HYLA CINEREA AND RANITOMEYA IMITATOR 
 
INTRODUCTION 
Amphibians are commonly used as biological indicators of environmental contamination 
because their reliance on both aquatic and terrestrial habitats increases their exposure to 
environmental pollutants, and because their highly permeable skin enables rapid absorption of 
these chemicals into the blood and distribution throughout the body without first pass 
metabolism (Bruhl et al. 2011). Tragically, amphibian populations are declining globally at an 
unprecedented rate (McCallum 2007). Second only to habitat destruction, environmental 
pollution is considered to be a major contributor to these losses (IUCN 2008). Pesticide use in 
particular is implicated by field surveys demonstrating reduced species richness, diminished 
populations, and increased incidence of developmental abnormalities in amphibians on 
agricultural lands (Bishop et al. 1999, Davidson 2004, McCoy et al. 2008). 
Amphibian larvae are used in studies investigating environmental contamination due to 
their high tractability in laboratory settings and because many are obligate inhabitants of aquatic 
ecosystems where pollutants accumulate. Additionally, they undergo a period of metamorphic 
development whose onset is influenced by environmental stress and alterations to which can 
have negative fitness consequences resulting from decreased adult fecundity (Chelgren et al. 
2006) and increased susceptibility to predation, disease, and desiccation (Denver 1997, Rollins-
Smith et al. 2009). However, studies that exclusively use tadpoles in toxicity tests fail to 
appreciate the potential for carry-over effects from exposure across developmental stages. 
Amphibians have complex life cycles that include abrupt changes in morphology, physiology, 
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behavior, and niche use (Wilbur 1980) that ultimately influence levels of pesticide exposure. 
Furthermore, individuals pass through critical periods of development that create life stage 
specific vulnerabilities to disruptive exogenous agents. These developmental windows coincide 
with patterns of gene expression coordinated by the actions of endogenous hormones. Therefore, 
the effects of pesticide exposure will differ between endocrine regulated developmental periods, 
including neurulation, organogenesis and skeletal formation during embryogenesis, and the 
tissue growth and reproductive differentiation that occur during larval development (Birge et al. 
2000). 
Numerous studies have investigated the influence and timing of pesticide exposure on the 
magnitude and type of observed effects, and have often demonstrated that larvae have greater 
sensitivity than embryos (Berrill et al. 1998, Bridges 2000, Greulich and Pflugmacher 2003, 
Brodeur et al. 2009, Yu et al. 2013). For example, Bridges (2000) found that the insecticide 
carbaryl caused significant mortality in Rana sphenocephala tadpoles, yet had no effect on 
hatching success at any tested concentration. However, individuals that were exposed at the egg 
stage were smaller at metamorphosis (Bridges 2000). These findings highlight an underexplored 
topic in developmental toxicology. Few studies have tested for carry-over effects of pesticide 
exposure across life stage transitions, particularly between embryos and larvae (Uller et al. 
2009). Although differential life stage susceptibility has long been recognized, most studies 
investigating the effects of developmental exposure overlook the interdependence of stage 
specific vulnerabilities, potentially leading to inaccurate assessments of toxicity.  
The aim of the present study was to examine the stage specific and carry-over effects of 
exposure to sub-lethal pesticide doses in Ranitomeya imitator and Hyla cinerea. This study 
tested the hypothesis that effects on growth, rate of development, mortality, and incidence of 
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deformity depend on the dose and window of exposure. This was performed by treating 
embryonic and larval stages, either individually or in combination, with a gradient of 
environmentally relevant concentrations of the pesticide endosulfan.  
 
METHODS 
Study system 
Endosulfan (6,7,8,9,10,10-hexachloro-1,5,5a,6,9,9a-hexahydro-6,9-methano-2,4,3-
benzodioxathiepin-3-oxide) is an organochlorine pesticide used to protect commercial crops 
including fruits, vegetables, cotton, and tea (ATSDR 2013). It was developed as a γ-
aminobutyric acid (GABA) chloride channel receptor inhibitor to induce convulsion and death in 
insects and acarids (Bloomquist 2003), yet has demonstrated toxic effects in non-target fish (Da 
Cuña et al. 2008), amphibians (Jones et al. 2009), reptiles (Rey 2009), birds (Lutz-Ostertag 
1971), and mammals (Sinha et al. 2001), including humans (Saiyed et al. 2003). Additionally, 
endosulfan and its metabolites are genotoxic (Neuparth et al. 2006), teratogenic (Lemaire et al. 
2005), and endocrine disrupting, with estrogenic and anti-androgenic properties (Soto et al. 1994, 
Andersen et al. 2002).  
Endosulfan has numerous well-documented detrimental effects on amphibian larvae. It is 
highly toxic to tadpoles and even at low concentrations retards growth and development, induces 
deformity, and alters swimming, breathing, and feeding behaviors (Brunelli et al. 2009, De Jong 
Westman et al. 2010, Denoel et al. 2012, Bernabo et al. 2013, Lavorato et al. 2013). Previous 
studies have indicated that endosulfan will affect time to metamorphosis, yet the direction of the 
effect was not consistent. Brunelli et al. (2009) found that Bufo bufo tadpoles exposed to 
endosulfan experienced delayed metamorphosis in a dose dependent manner. In contrast, 
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Lavorato et al. (2013) found that while higher doses of endosulfan prolonged metamorphosis in 
Rana dalmatina tadpoles, lower doses significantly accelerated metamorphosis.  
Endosulfan has been applied globally since the 1950s, used primarily in developing 
countries (Li and Macdonald 2005) but also widely throughout the United States and particularly 
eastern North Carolina (ATSDR 2013). Its residues are ubiquitous, measurable in Arctic waters 
(Weber et al. 2010), human breast milk (Cerillo et al. 2005), and rainforest fog 
(Shunthirasingham et al. 2011). In surface waters, its concentrations range from less than 0.5 
ng/L in bromeliad water to over 2,000 ng/L in agricultural run-off (Schulz 2001). Despite its low 
water solubility (0.32 mg/L), endosulfan is highly persistent in aquatic environments, with a half-
life of 14-18 days in freshwater (Guerin 2001). Furthermore, because of its lipophilicity, 
endosulfan can bioaccumulate in tissues and move throughout the food chain (Toledo and 
Jonsson 1992).  
 A wide range of pesticide sensitivities have been recorded among amphibians (Birge et 
al. 2000). The continued use of endosulfan, a pesticide with such high potential toxicity, is 
unwise given the paucity of studies examining its effects in amphibian species (Jones et al. 
2009). This study uses the American green tree frog (H. cinerea), an abundant species in eastern 
North America capable of colonizing a wide variety of habitats, including those that are subject 
to agricultural activity, and the poison mimic frog (R. imitator), a small dendrobatid from north 
central Peru that rears its larval offspring individually in water bodies formed in plant axils that 
contain measurable quantities of endosulfan (Brown et al. 2008; Shunthirasingham et al. 2011). 
Although the early life stages of both species are likely exposed to endosulfan in their natural 
environments, their distinct life histories and reliance on pools with dramatically different 
hydroperiods may affect their susceptibility. By examining these two distantly related and 
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dissimilar species, we hope to draw general conclusions about the effects of ecologically relevant 
endosulfan exposures across amphibians. 
 
Preparation of test solutions 
 A single stock solution, used for the duration of experiments on both species, was 
prepared by dissolving 0.1 mg of commercial grade endosulfan (purity 99%, Sigma-Aldrich, St. 
Louis, MO) in 1 L of reconstituted reverse-osmosis water (Provasoli; Wyngaard and Chinnappa 
1982). The endosulfan was added to a plastic tube containing 1 ml of Provasoli, vortexed until 
there were no visible solids (approximately 3 minutes), and poured into a glass volumetric flask 
containing 990 ml of Provasoli. The 1 ml tube was filled with Provasoli, centrifuged, and added 
to the flask 9 more times to give a final stock concentration of 100,000 ng/L of endosulfan. This 
stock solution was divided into 12 ml aliquots held in glass mason jars and was kept at -20 
°C under dark conditions to minimize degradation (USEPA 2007).  
Serial dilution of the stock solution was performed to obtain 5 endosulfan test 
concentrations: 0.1, 1, 10, 100, and 1,000 ng/L. This series was used to determine the dose-
dependent effects of endosulfan exposure and represents a spectrum of environmental 
concentrations encompassing those likely experienced by wild frog populations (Table 1). 
Furthermore, these concentrations were found to induce minimal mortality in amphibians used in 
other studies (De Jong Westman et al. 2010).
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Table 1 Endosulfan test concentration series. Doses used for experiments with H. cinerea and R. 
imitator approximate measurements taken from the field.  
Corresponding field levels    Reference Test concentration (ng/L) 
Provasoli control (Wyngaard and Chinnappa 1982) 0 
Arctic melt water (Weber et al. 2010) 0.1 
Rainforest fog (Shunthirasingham et al. 2011) 1 
Bromeliad detritus (Shunthirasingham et al. 2011) 10 
EPA CCC (freshwater) (USEPA 2009) 100 
Agricultural runoff (Schulz 2001) 1000 
 
Experimental animal collection 
Hyla cinerea 
Five amplexing pairs of H. cinerea adults were collected from an artificial wetland in 
Greenville, North Carolina (35.590643, -77.319299) on the night of July 4, 2014. Pairs were held 
separately at their point of capture in tilted polyethylene terephthalate (#1) plastic containers 
containing Provasoli. Adults were released at sunrise the next day and their egg clutches were 
transported to the laboratory at East Carolina University within 12 h of laying. Immediately upon 
arrival to the laboratory, the mid- to late-gastrula stage embryos (Stage 11-12, Gosner 1960) 
were divided into test dishes and experimental treatments were administered.  
 
Ranitomeya imitator 
 Experimental R. imitator were acquired July 11 – September 23, 2014 from a captive 
breeding colony housed in the laboratory. This colony consists of 3 distinct color morphs that 
were collected from separate localities in Peru: Veradero, Chazuta, and Tarapoto. Breeding 
colony adults were paired to maintain these color morphs in the experimental offspring. Adult 
pairs were housed in individual glass terraria, which were checked 3 times daily for the arrival of 
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egg clutches. Whole clutches were transferred to glass petri dishes containing Provasoli for until 
they reached mid- to late-gastrula stage (Stage 11-12, Gosner 1960), when the embryos were 
moved to test dishes to begin treatment exposures.  
 
Exposure protocol 
To investigate the effects of the timing of endosulfan exposure, individuals of both 
species were treated at 1 of 3 developmental periods: egg stage only (EGG; Stages 12 – 21), 
tadpole stage only (TAD; Stages 21 – 46), and throughout development (EGG/TAD; Stages 12 – 
46). Animals exposed to the control treatment in the egg stage either remained in the control or 
were switched to 1 of 5 endosulfan concentrations, resulting in 6 life stage treatments (Fig. 1). 
Animals exposed to endosulfan in the egg stage either remained in the same dose or were 
switched to the control following hatching, resulting in 2 life stage treatments for each 
concentration of endosulfan (Fig. 1). In H. cinerea, each of the 16 life stage treatments were 
replicated 5 times (N = 80), while in R. imitator each life stage treatment was replicated 3 – 4 
times (N = 67). 
To prevent the accumulation of ammonia and the breakdown of endosulfan, this 
experiment used a static renewal exposure system in which treatment containers were washed 
and test solutions were fully replaced 3 times every week. This frequency was chosen based on 
the findings by Miles and Moy (1979) that nominal endosulfan concentrations remain 
approximately constant after 72 h. Fresh dilutions of endosulfan were made directly before 
solution replacement. Solutions were changed by gently pouring each experimental animal into a 
treatment-coded brine shrimp net and then immediately transferring it to a clean prefilled 
container. Following solution replacement, the shelf position of each container was rotated. 
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Figure 1 H. cinerea random assignment scheme. Haphazardly chosen eggs from 5 clutches were 
systematically assigned to treatments (A) and treatments were randomly assigned to shelf 
positions (B). 
 
Tadpoles were fed an ad libitum amount of crushed spirulina pellets (O.S.I., Burlingame, 
CA) until the start of metamorphic climax (Stage 42), when they stop feeding and metabolize 
energy reserves stored in their tails (Hourdry et al. 1996). Animals were held in a room 
maintained on a 12L:12D photoperiod at 23 ± 1 °C. Water quality parameters (including pH, 
ammonia, nitrite, and nitrate levels) were tested using API test strips before and after renewing 
the treatment solutions. Water quality was monitored intermittently throughout the duration of 
the experiment on a randomized subset of jars for each treatment. Water quality parameters were 
maintained at the following conditions: pH 6.0-7.0, NH3 0-1.0 mg/L, NO2
- ~0 mg/L, NO3
- 0-20 
24 32 3 25 1 31 36 13 27 9 
4 22 18 28 16 20 12 34 26 23 
7 14 2 10 30 39 38 6 21 40 
15 37 33 29 35 17 19 8 5 11 
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mg/L. Animal use protocols were approved by the Institutional Animal Care and Use Committee 
(AUP #D293)  
 
Hyla cinerea 
To begin experimentation with H. cinerea, 40 covered glass petri dishes, color-coded to 
pre-designated treatments, were laid flat on a shelf along 4 rows in randomized positions (Fig. 2). 
The dishes were pre-filled with 60 ml of their treatments and groups of 5 haphazardly chosen 
eggs were assigned to their dishes in a randomized order (Fig. 2). Following hatching, 2 tadpoles 
from each dish were haphazardly chosen and transferred by pipette to color-coded glass mason 
jars filled with 150 ml of their treatments and arranged in 4 rows on 2 shelves. These treatments 
were pre-designated through a similarly randomized process. Tadpoles were numerically labeled 
to allow blind morphometric analysis. At metamorphic climax, when the first forelimb appeared, 
stainless steel mesh ramps were added to each jar to allow the metamorph to crawl out of the 
solution. After their first emergence, the jars were tilted so that each contained both wet 
(containing 40 ml of their treatment solution) and dry areas until completion of metamorphosis 
(Stage 46).  
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Figure 2 Life stage treatments (ng/L). At hatching, frogs either remained in their treatment 
(boxes on right with solid color) or were switched to another (split boxes on right with original 
treatment color on top and new treatment color below). Each of the 16 life stage treatments were 
replicated 5 times (N = 80) in H. cinerea and 3-4 times (N = 67) in R. imitator.  
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Ranitomeya imitator 
 Full clutches of R. imitator eggs (1 – 5 eggs/clutch) were randomly assigned to their 
treatments. Clutches were transferred to tilted and covered glass petri dishes containing 20 ml of 
treatment solution and randomly assigned shelf positions. Following hatching, tadpoles were 
assigned to randomly ordered and alternating treatments according to the time at which they 
hatched. Tadpoles were held in 150 ml of treatment solution in color-coded glass mason jars on 2 
shelves. As with H. cinerea, a stainless steel mesh ramp was added to the jar at metamorphic 
climax and the tadpole was transferred to a tilted jar with 40 ml of treatment solution after first 
emergence and until completion of metamorphosis. Experimentation on R. imitator was 
conducted on a shelving unit separate from the unit holding experimental H. cinerea.  
 
Experimental endpoints 
 The developmental and experimental measurement time points for both H. cinerea and R. 
imitator are outlined in Fig. 3. Treatment dishes were checked 3 times daily for hatched tadpoles. 
All tadpoles were transferred by pipette to jars containing TAD treatment within 12 h of 
hatching. One and 2 weeks after hatching, R. imitator individuals were weighed and 
photographed for image analysis of length. The initial measurements of body condition were 
delayed until these time points because of the small size and fragility of the tadpoles. Due to the 
sensitivity and high early mortality of the H. cinerea larvae, the first weighing and 
photographing was postponed until 23 days after TAD exposure. Subsequently, H. cinerea and 
R. imitator larvae were weighed and photographed at the appearance of the first forelimb, when 
they were first seen out of solution on the sides of the jar or on the metal ramp (first emergence), 
and following the completion of metamorphosis. Metamorphic completion was determined by a 
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tail length of less than 1 mm. The timing of each of these stages was recorded, as was the 
occurrence and timing of deformity and mortality. 
 At each experimental time point, tadpoles were poured from their jars into treatment-
specific brine shrimp nets and were transferred to cut sections of stainless steel mesh through 
which they were blotted dry. Tadpoles were then weighed (accurate to 0.1 mg) in their respective 
treatment solutions. Tadpoles were subsequently placed in glass petri dishes that were filled with 
60 ml of treatment solution.  Rulers were attached to the bottom of the petri dishes and tadpoles 
were photographed from above against the ruler. The length from tail-tip to snout was measured 
from the digital images using a curved ruler function (accurate to 0.01 mm) on Image J software 
(Abràmoff et al. 2004). This procedure minimized disturbance of the tadpoles and allowed 
measurements without anesthesia or extended removal from solutions. After photographs were 
taken, tadpoles were transferred to jars prefilled with the appropriate treatment solution and were 
returned to their shelf positions.  
 At completion of metamorphosis, frogs were humanely euthanized by overdose of 
tricaine metanesulfonate (3% MS-222 buffered at pH 7 with NaHCO3) until movement ceased. 
Excess moisture was removed by blotting before frogs were weighed and photographed. Frogs 
were evaluated for external malformations and surficial renal anomalies before fat bodies were 
dissected out and weighed. The adrenal-kidney-gonad complex was removed from each frog and 
was fixed in neutral buffered formalin (10%) for later histological analysis.
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Figure 3 Experimental protocol for H. cinerea and R. imitator with developmental and measurement time points. 
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Statistical Analysis 
All analyses were carried out using the statistical software R v. 3.1.2 (R Core Team 2014) 
for Windows and differences were considered significant at p ≤ 0.05. One-way analysis of 
variance (ANOVA) was used to compare the following endpoints among endosulfan treatments 
for each life stage (EGG, TAD, and EGG/TAD): duration of the egg stage, age at the appearance 
of the first forelimb (beginning of metamorphic climax), age at first emergence, age at 
completion of metamorphosis, duration of metamorphic climax (from the appearance of the first 
forelimb to metamorphic completion), growth rate, condition at each developmental stage, and 
fat body mass at completion of metamorphosis. The assumptions of homogeneity of variances 
and normal errors were validated using residuals and Q-Q plots. Mortality and incidence of 
deformity during the experimental period were compared between life stages using generalized 
mixed models (GLMM) assuming binomial error distributions.  
 
RESULTS 
Growth and development  
For both species, there were no significant observed effects on any measured growth or 
developmental rate endpoint across endosulfan treatments and between the EGG, TAD, and 
EGG/TAD life stage exposures (all p > 0.05).  However, there were differences in how variable 
observations of each endpoint were among species for condition at metamorphosis (Fig. 4) and 
duration of metamorphic climax (Fig. 5). 
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Hyla cinerea 
 
 
 
Ranitomeya imitator 
 
 
 
 
Figure 4 Condition at completion of metamorphosis in H. cinerea and R. imitator according to life stage at exposure. Condition was 
measured as the ratio of body mass to length corrected by the residuals of their log-log OLS regression. Condition was not different 
between doses, life stages, and species (all p > 0.05). Red points indicate individuals with morphological abnormalities. 
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Hyla cinerea 
 
 
 
Ranitomeya imitator 
 
 
 
Figure 5 Duration of metamorphosis, from appearance of first forelimb to completion, in R. imitator and H. cinerea according to life 
stage at exposure. Duration was not different between doses, life stages, and species (all p > 0.05). Red points indicate individuals 
with morphological abnormalities.
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Mortality and deformity 
Mortality and incidence of morphological abnormalities varied between species and 
across life stages (Table 2, Fig. 6), yet there were no significant observed effects on either 
endpoint across endosulfan treatments and between the EGG, TAD, and EGG/TAD life stage 
exposures (all p > 0.05). Mortality occurred throughout the experiment in both species, yet was 
greatest in the larval stage, especially in the first 2 weeks following hatching.  
Morphological abnormalities were detected in 5 (6%) H. cinerea and 10 (15%) R. 
imitator tadpoles. Control animals did not exhibit any noticeable deformities. Though there was 
no significant effect of endosulfan exposure on incidence of deformity in either species, there 
were more abnormal R. imitator from EGG (30.4%) than TAD (6.3%) and EGG/TAD (9.1%) 
treatments.  
Abnormal phenotypes were diverse and included surficial, renal, and skeletal deformities 
(identified using Meteyer 2000). Exposed H. cinerea exhibited micromelia (proportionally 
smaller hind limb), hip dysplasia (Fig. 7a), hind limb amelia (missing hind limb, Fig. 7b), and 
lateral flexure of the tail (bent tail, Fig. 7c). Exposed R. imitator exhibited peripheral edema, 
ascites (fluid accumulation in body cavity, Fig. 8a), cloacal prolapse, unilateral renal agenesis 
(missing kidney lobe, Fig. 9a), forelimb amelia (missing forelimb, Fig. 10a), lateral flexure of the 
tail, hyperextension of the hind limbs (Fig. 11a), and tibiofibular taumelia (bone bridging, Fig. 
12a). 
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Table 2 Stage and species-specific mortality and morphological abnormality. Incidence of mortality and abnormality in following 
continuous exposure of H. cinerea and R. imitator eggs and tadpoles to a series of endosulfan doses.  
 
 Hyla cinerea  Ranitomeya imitator 
 Mortality  Abnormality  Mortality  Abnormality 
Endosulfan 
(ng/L) 
EGG 
Stage 
TAD 
Stage 
EGG/TAD 
Stage 
 
EGG 
Stage 
TAD 
Stage 
EGG/TAD 
Stage 
 
EGG 
Stage 
TAD 
Stage 
EGG/TAD 
Stage 
 
EGG 
Stage 
TAD 
Stage 
EGG/TAD 
Stage 
0.1 2 / 5 3 / 5 2 / 5  0 / 5 0 / 5 0 / 5  1 / 5 0 / 3 0 / 4  0 / 5 0 / 3 0 / 4 
1 0 / 5 2 / 5 1 / 5  0 / 5 1 / 5 0 / 5  1 / 4 0 / 3 0 / 4  0 / 4 1 / 3 0 / 4 
10 2 / 5 1 / 5 1 / 5  0 / 5 1 / 5 1 / 5  3 / 5 0 / 3 3 / 6  2 / 5 0 / 3 1 / 6 
100 3 / 5 3 / 5 1 / 5  0 / 5 0 / 5 1 / 5  2 / 4 0 / 4 2 / 4  3 / 4 0 / 4 0 / 4 
1000 1  / 5 2 / 5 1 / 5  1 / 5 0 / 5 0 / 5  2 / 5 0 / 3 1 / 4  2 / 5 0 / 3 1 / 4 
Total 
8 / 25 
32 % 
11 / 25 
44 % 
6 / 25 
24 % 
 
1 / 25 
4 % 
2 / 25 
8 % 
2 / 25 
8 % 
 
9 / 23 
39.1 % 
0 / 16 
0 % 
6 / 22 
27.3 % 
 
7 / 23 
30.4 % 
1 / 16 
6.3 % 
2 / 22 
9.1 % 
Control  0 / 5    0 / 5    3 / 6    0 / 6  
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Figure 6 Mortality rate and incidence of deformity in H. cinerea and R. imitator according to life stage at exposure.  
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Figure 7 Example morphological abnormalities induced in endosulfan treated H. cinerea. (A) 
Left lateral view of frog treated with 1 ng/L endosulfan during TAD demonstrated hip dysplasia 
(arrow) that inhibited normal swimming behavior and induced mortality during metamorphic 
climax. (B) Dorsal view of frog treated with 1,000 ng/L endosulfan during EGG demonstrated 
failed development of a hind limb (hind limb amelia; arrow). (C) Dorsal view of tadpole treated 
with 10 ng/L endosulfan during EGG and TAD demonstrated slight kinking at the base of the tail 
(lateral flexure, arrow). 
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Figure 8 Endosulfan induced ascites. Dorsal view of R. imitator tadpoles from endosulfan (A) and control (B) treatments. Tadpole 
exposed to 1 ng/L endosulfan in TAD demonstrated severe bloating (ascites, arrows) that persisted throughout the larval stage and 
until completion of metamorphosis. This deformity inhibited normal swimming behavior. 
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Figure 9 Endosulfan induced unilateral renal agenesis. Adrenal-kidney-gonad complex of R. imitator metamorphosed frogs from 
endosulfan (A) and control (B) treatments. Frog exposed to 100 ng/L endosulfan in EGG demonstrated failed development of a kidney 
lobe (unilateral renal agenesis, arrow). 
33 
 
 
 
Figure 10 Endosulfan induced amelia. Ventral view of R. imitator metamorphosed frogs from endosulfan (A) and control (B) 
treatments. Frog exposed to 1,000 ng/L endosulfan in EGG demonstrated failed development of a forelimb (forelimb amelia, arrow). 
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Figure 11 Endosulfan induced hyperextension. Ventral view of R. imitator metamorphosed frogs from endosulfan (A) and control (B) 
treatments. Frog exposed to 10 ng/L endosulfan in EGG demonstrated hyperextension of the hind limbs (arrows). This deformity 
inhibited normal swimming behavior. 
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Figure 12 Endosulfan induced taumelia. Ventral view of R. imitator metamorphosed frogs from endosulfan (A) and control (B) 
treatments. Frog exposed to 1,000 ng/L endosulfan in EGG demonstrated bone bridging (tibiofibular taumelia, arrows). This deformity 
inhibited normal swimming behavior. 
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DISCUSSION 
 This study focuses on identifying the stage-dependent effects of exposing anuran eggs 
and tadpoles to a series of environmentally relevant endosulfan concentrations (from 0.1 – 1,000 
ng/L), evaluating mortality, incidence of deformity, growth, and developmental rate. This is the 
first study to examine the effects of sustained endosulfan exposure in amphibians within and 
across multiple distinct developmental stages. 
The findings of this study support an association between endosulfan exposure and 
incidence of developmental abnormality. Malformations were manifested in tadpoles exposed to 
concentrations of endosulfan over 2 orders of magnitude lower than those previously shown to 
induce deformity (Berrill et al. 1998, Harris et al. 2000, Rohr et al. 2003, Kang et al. 2008, 
Brunelli et al. 2009, De Jong Westman et al. 2010, Bernabo et al. 2013, Devi and Gupta 2013). 
These sub-chronic laboratory experiments report some of the characteristic abnormalities that 
were observed in this study, including lateral flexure of the tail and ascites. Although these 
effects may potentially arise through dietary insufficiency (Marshall et al. 1980, Martinez et al. 
1992), the etiology of severe deformities observed in this study, such as unilateral renal agenesis 
and amelia, likely involves disruption of retinoid signaling pathways (Degitz et al. 2000, 
Gardiner et al. 2003). The occurrence of taumelia, in which the bone bends mid-shaft such that 
its ends fuse to form a triangular structure, is in fact diagnostic of exposure to retinoic acid and 
its mimics (Gardiner et al. 2003). These findings are supported by in vitro studies demonstrating 
disruption of retinoic acid signaling by endosulfan through RAR transactivation and induction of 
retinoic acid metabolizing enzymes (Lemaire et al. 2005), 
The absence of skeletal elements and the presence of skeletal malformations suggests that 
both limb initiation and growth were disrupted by endosulfan (Gardiner et al. 2003). After 
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exposing mid-blastula and limb-bud stage Xenopus laevis and Rana sp. to exogenous retinoic 
acid, Degitz et al. (2000) found that hind limb malformations could only be induced by exposure 
at the latter stage. They concluded that anterior structures were more sensitive to teratogenesis 
and that embryonic exposure to retinoic acid would induce mortality before it could produce 
posterior abnormalities. In fact, all hind limb malformations observed in the present study were 
seen in individuals exposed to endosulfan as embryos. These findings suggest that endosulfan 
exposure during embryogenesis may have disruptive effects on limb development that carry-over 
into the larval stage.  
 Although many of the observed abnormalities were non-lethal in a laboratory setting and 
the condition of surviving malformed frogs at metamorphosis approximated the average effect 
across treatments, these deformities would undoubtedly impede foraging and predator avoidance 
and ultimately decrease adult survival and reproduction. Indeed, the altered swimming behavior 
of most deformed individuals necessitated the reduction of solution depth to prevent drowning 
and made them dependent on ad libitum feeding to avoid starvation.  
Some studies have found that amphibian embryos and larvae accelerate development to 
complete metamorphosis early, trading off smaller size to escape from adverse environmental 
conditions (Denver et al. 1997, Bridges 2000, Boone et al. 2013). Alternatively, exposure to 
pollutants has also been found to delay development and the completion of metamorphosis, with 
or without effects on body condition (Sullivan and Spence 2003, Edwards et al. 2006). Likewise, 
the development and growth of some tadpoles are strongly affected by endosulfan exposure 
(Broomhall and Shine 2003, Lavorato et al. 2013). Contrasting with these findings, the results of 
the present study demonstrate that H. cinerea and R. imitator embryos and tadpoles are 
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insensitive to alterations in timing to and condition at multiple metamorphic stages following 
exposure to low doses of endosulfan.  
 Many studies use time to and condition at metamorphosis as sensitive biomarkers of 
amphibian health and as fitness correlates (Richard and Kendall 2003, Brunelli et al. 2009). 
These measures are chosen as generalized indicators of developmental toxicity because they are 
influenced by multiple physiological pathways (Mann et al. 2009). However, growth and rate of 
development are highly integrated, complex endpoints that exhibit non-monotonic responses 
(Lavorato et al. 2013) and may not be as diagnostic as assumed. This view is supported in the 
current study by the prevalence of morphological abnormality without significant effects on 
growth. This effect was also demonstrated by Tietge et al. (2005), after exposing larval X. laevis 
to sodium perchlorate and finding thyroid pathology at lower doses than those required to affect 
the timing of metamorphosis. The discrepancy in effect between the present study and those that 
show impairment of growth and development may reflect different experimental procedures, 
including continuity and dose of exposure, rearing of test subjects, and species choice.  
 As anticipated, we observed differences between species with measured endpoints. 
Across H. cinerea life stage treatments, mortality was high and incidence of deformity 
approximated frequencies expected in natural populations (Gillilland et al. 2001). Exposed R. 
imitator, on the other hand, exhibited exceptionally high rates of abnormality. Species 
differences have often been attributed to the structural diversity of egg jelly coats (Berrill et al. 
1998, Birge et al. 2000, De Jong Westman et al. 2010) due to their ability to reduce chemical 
uptake rates (Licht 1985, Edginton et al. 2007). Nearly 30% of R. imitator tadpoles exposed 
during EGG exhibited developmental abnormalities (compared to about 6% in TAD), and thus 
presumably were not sufficiently protected by their jelly coats. Instead, differences in 
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susceptibility might be due to species specific induction of xenobiotic detoxifying enzymes 
(Casabar et al. 2010, Katagi and Ose 2014), reflecting their distinct life history strategies and 
potential adaptations to contaminant exposure. The observed mortality in individuals exposed as 
embryos may be related to the targeting of neuromuscular development. Endosulfan produces 
neurotoxic effects in tadpoles through inhibition of GABA activities (Bloomquist 2003), 
inducing disturbed breathing behavior, seizure, and mortality (Harris et al. 2000, Denoel et al. 
2012).  
No previous studies have investigated tadpole stage morphological abnormalities 
following sustained endosulfan exposure solely throughout embryonic development. The 
potential carry-over effect of egg stage exposure producing tadpole stage deformities was 
prominent in the present study and may be related to the well-documented lag effects of 
endosulfan (Berrill et al. 1998, Jones et al. 2009, Denoel et al. 2012, Bernabo et al. 2013). Lag 
effects, often recorded as mortality or abnormal behavior, manifest or persist after exposure has 
ended (Bernabo et al. 2013). For example, in Berrill et al. (1998), endosulfan induced low 
mortality to Bufo americanus tadpoles after 4 days of exposure, yet following transfer to clean 
water mortality rose to over 60% in all endosulfan treatments. It is apparent then that the 
expression of some detrimental effects of endosulfan require either cessation of exposure or 
sufficient time for the manifestation of physiological effects. Therefore, the relatively low 
observance of mortality and abnormality in R. imitator exposed only as tadpoles, compared to 
those exposed as eggs, may be due to lag effects rather than differential susceptibility. Because 
frogs were sacrificed at completion of metamorphosis, potential lag effects from TAD exposure 
in the adult frogs were not evaluated.  
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 The USEPA (2009) set endosulfan’s criterion continuous concentration, an estimate of 
the maximum chemical dose to which an aquatic community can be chronically exposed without 
unreasonable effects, at 112 ng/L (sum of isomers). This study observed mortality and 
abnormality at concentrations below this value. For example, an egg stage R. imitator exposed to 
10 ng/L of endosulfan exhibited hyperextension and immobility of the hind limbs. Observed 
effects also occurred at concentrations likely experienced by amphibian populations in both 
agroecosystems and remote rainforests. Wild amphibians are further exposed to abiotic and 
biotic conditions that can act synergistically to increase pesticide toxicity (Kiesecker 2002, De 
Jong Westman et al. 2010). Indeed, Johnson et al. (2013) found that the lethality of endosulfan 
was greater in Agalychnis callidryas tadpoles exposed in ambient environmental conditions 
instead of in a climate controlled laboratory.  
 In conclusion, this study found rates of mortality and incidence of deformity that varied 
between species and life stages following sustained exposure to environmentally relevant levels 
of endosulfan during early development. Unexpectedly, no effects on measures of condition or 
timing at multiple developmental points were observed in either species at any tested 
concentration. Although the ultimate population level effects of endosulfan may be difficult to 
estimate without measures of endosulfan’s effects on adults (Vonesh and de la Cruz 2002), these 
results provide useful insight for further toxicological studies regarding factors influencing 
individual susceptibility to pesticide exposure.
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CHAPTER 3: GENERAL DISCUSSION 
 
Endosulfan is an especially problematic pesticide because of its ubiquity (Weber et al. 
2010, Shunthirasingham et al. 2011), its ability to bioaccumulate (Toledo and Jonsson 1992), 
and its toxicity to both humans and wildlife (ATSDR 2013). Even though endosulfan’s isomers 
degrade rapidly, the resulting products are equally harmful and remain in the environment for 
several years after application (Rajakumar et al. 2012). These characteristics led to the recent 
addition of endosulfan to the Stockholm Convention’s list of persistent organic pollutants 
(Bergman et al. 2013). Consequently, the manufacture and application of endosulfan has 
declined in many North American and European countries (POPRC 2010). Despite this trend, 
endosulfan use continues on a global scale, particularly in developing countries, and has an 
annual estimated production of approximately 20,000 tons (Mrema et al. 2013). Although the 
United States will conclude its phase-out of endosulfan use in 2016, the Federal Insecticide, 
Fungicide, and Rodenticide Act (FIFRA), regulated through the EPA, does not prevent pesticide 
companies from exporting their products (Finegan 1989). Therefore, active registrants can 
continue to manufacture and market endosulfan to foreign countries that grow crops for 
American consumption (ATSDR 2013). India is the primary producer and consumer of 
endosulfan, and continues its use with the justification of insufficient cost effective alternatives 
(Rajakumar et al. 2012). Understanding the nature of endosulfan’s effects on non-target species 
is a priority of integrated pest management practices seeking to decrease reliance on this 
insecticide (Way and van Emden 2000, Danne et al. 2014). 
Endosulfan accumulates in regions where amphibian declines and extinctions have been 
observed (Daniels 2003, Daly et al. 2007). Although endosulfan is highly lethal to amphibian 
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larvae (Jones et al. 2009), extinctions may not be attributable to early life mortality. Using a 
stage-based population dynamics model, Vonesh and De la Cruz (2002) demonstrated that the 
population level effects of reduced egg and larval survival relies on density dependence at each 
stage. For example, mortality in the egg stage may reduce larval densities, lowering competition 
and promoting metamorph recruitment (Vonesh and De la Cruz 2002). Population declines may 
result instead from the ability of pesticides to disrupt endocrine system function (McKinlay 
2008, Diamanti-Kandarakis 2009, Mnif et al. 2011), causing growth and developmental 
alterations that carry over into adulthood. Induced deformity and changes in timing and condition 
at metamorphosis due to pesticide exposure (Lavorato et al. 2013, Brunelli et al. 2009) can delay 
reproductive maturity, reduce adult fecundity (Smith 1987), and ultimately decrease population 
growth rates (Chelgren et al. 2006). Resulting amphibian population declines are problematic not 
only because of lost ecosystem services (Valencia-Aguilar et al. 2013), but because of the 
similarities between amphibian and human physiology. These similarities make amphibians 
important models for determining the growth-altering and teratogenic effects of pesticides, 
including endosulfan, on mammalian development (Tata 1998).  
Investigating the developmental roles of thyroid hormone in fetal mammals is 
complicated by their enclosure within the uterus and the transfer of maternal thyroid hormone 
across the placenta (Grimaldi et al. 2013). However, amphibian embryos and tadpoles are free-
living and metamorphic development is dependent on thyroid hormone induced gene expression 
(Tata 1998). Although many vertebrates do not undergo metamorphosis, patterns of thyroid 
hormone signaling are highly conserved (Heimeier and Shi 2010). Peak thyroid hormone levels 
coincide with amphibian metamorphosis and mammalian postembryonic development, both 
periods of profound molecular and morphological change (Heimeier and Shi 2010). 
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Additionally, as reviewed in Grimaldi et al. (2013), the molecular mechanisms of thyroid 
hormone action are comparable across vertebrate taxa.  
All studied vertebrates have retinoic acid receptors that exhibit similar patterns of gene 
expression during early development (Degitz et al. 2000). Therefore, both amphibians and 
humans may be susceptible to the teratogenic effects of endosulfan through disruption of retinoic 
acid signaling. The teratogenic potential of endosulfan has been demonstrated in vitro, through 
RAR agonism and increased production of retinoic acid metabolizing enzymes (Lemaire et al. 
2005), and in vivo, through the induction of deformities in amphibians by this and numerous 
other studies.  
Studies examining endosulfan effects in humans come from accidental exposures of rural 
communities in developing countries. A survey of Brazilian children by Freirie et al. (2012) 
found a correlation between serum concentrations of several organochlorine pesticides, including 
endosulfan, and elevated levels of triiodothyronine. Likewise, surveys of Indian schoolchildren 
living near plantations aerially sprayed with endosulfan reported significantly higher incidences 
of skeletal abnormalities and mental retardation (Saiyed et al. 2003, Embrandiri et al. 2012), 
indicative of in utero thyroid hormone and retinoic acid deficiencies (Haddow et al. 1999). These 
effects are made more troubling by studies of endosulfan body burden in breast feeding mothers 
from countries around the world. Sanghi et al. (2003) found high concentrations of endosulfan in 
the breast milk of women from Bhopal, India and estimated that infant consumption of 
endosulfan was 8.6 times higher than recommended by the World Health Organization. Similar 
levels were reported in the breast milk of mothers from South Africa (Channa et al. 2012) and 
Spain (Jimenez Torres et al. 2006). The highest dose of endosulfan included within the test 
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concentration series of this study approximated levels an order of magnitude lower than those 
found in human breast milk and encountered by infants. 
 
Implications of study design 
In this thesis, I have demonstrated the occurrence of morphological abnormalities at 
lower endosulfan concentrations than those seen to produce effects in previous studies (Harris et 
al. 2000, Devi and Gupta 2013). Surprisingly, I did not find significant effects of endosulfan on 
measures of body condition or developmental timing, though these effects have been observed in 
Litoria freycineti and R. arenarum tadpoles exposed to similar concentrations (Broomhall and 
Shine 2003, Svartz et al. 2014).  
Discrepancies in findings between this and previous studies may be due to differences in 
study design. This study was the first to examine the developmental effects of endosulfan in 
amphibians following sustained exposure throughout multiple life stages. This study also used 
doses that were environmentally relevant, though much lower than those typically used to 
investigate endosulfan toxicity. Chronic exposure to extremely low concentrations of pesticides 
found in the environment was once generally perceived as harmless, but is now recognized as 
potentially more deleterious than acute exposure to high levels (Bridges 2000). This is especially 
true for endocrine disrupting chemicals like endosulfan, which act as exogenous modulators of 
development without a minimum threshold dose (Sheehan 2006, Vandenberg et al. 2012). Svartz 
et al. (2014) found that the lethal and sub-lethal effects of endosulfan increased in tadpoles with 
greater exposure time. Therefore, the high incidence of mortality and deformity observed in this 
study, compared to previous studies, may reflect continuous rather than acute exposure at each 
developmental stage. Conversely, the absence of significant alterations to condition and 
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developmental timing may be attributed to the use of continuous exposure, which could prevent 
the expression of lag effects made evident only the cessation of treatment. 
This study also differed from previous studies in the rearing of experimental animals. 
Tadpoles of both species were individually housed in mason jars as opposed to the standard 
group rearing of tadpoles in large aquaria. Although these conditions are realistic for R. imitator 
tadpoles, H. cinerea aggregate in the wild and may benefit through social facilitation or may 
experience crowding that influences the stress and thyroid axes (Griffiths and Foster 1998). 
Isolation can reduce growth and slow development (Griffiths and Foster 1998), causing an 
increase in the duration of the larval stage and thus exposure to aquatic pollutants. Therefore, 
rearing conditions can affect the responses of growth and development to contaminant exposure.  
 
Research directions 
Future studies should examine potential lag effects on growth and development following 
stage specific and continuous exposure to endosulfan. Numerous studies have demonstrated the 
importance of observing effects after exposure has ended (Berrill et al. 1998, Jones et al. 2009, 
Denoel et al. 2012, Bernabo et al. 2013) and this phenomenon merits study in the context of life 
stage transitions.  
We have collected kidney and gonad tissues for future histological analyses. In rats, the 
target organs for endosulfan toxicity are the kidneys, where chronic exposure induces 
glomerulonephritis and nephropathy (FAO/WHO 1999). Endosulfan exposure also alters 
reproductive development across taxa, though its effects on gonad morphology and function 
have never been investigated in amphibians. Correlations of endosulfan exposure with decreased 
steroidogenesis and spermatogenesis in humans is controversial (Saiyed et al. 2003, Indulkar 
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2004, Saiyed 2004), and investigations into reproductive effects in amphibians may help to 
substantiate or refute these claims.  
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